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Abstract

NIH-PA Author Manuscript

Biofilms are communities of surface-adherent bacteria surrounded by secreted polymers known as
the extracellular polymeric substance (EPS). Biofilms are harmful in many industries, and thus it
is of great interest to understand their mechanical properties and structure to determine ways to
destabilize them. By performing single particle tracking with beads of varying surface
functionalization it was found that charge interactions play a key role in mediating mobility within
biofilms. With a combination of single particle tracking and microrheological concepts, it was
found that Escherichia coli biofilms display height dependent charge density that evolves over
time. Statistical analyses of bead trajectories and confocal microscopy showed inter-connecting
micron scale channels that penetrate throughout the biofilm, which may be important for nutrient
transfer through the system. This methodology provides significant insight into a particular
biofilm system and can be applied to many others to provide comparisons of biofilm structure.
The elucidation of structure provides evidence for the permeability of biofilms to microscale
objects, and the ability of a biofilm to mature and change properties over time.

1. Introduction
Biofilms are formed by single-cell microorganisms that adhere to a surface, aggregate, and
mature, while surrounding themselves with extracellular polymeric substance (EPS), a
secreted mixture of polymers consisting mainly of polysaccharides [1]. The EPS contains
nucleic acids, lipids, and proteins in addition to polysaccharides, and takes up to 90% of the
dry weight of the biofilm [2]. In the healthcare setting, biofilms are associated with a
multitude of diseases, contamination of medical devices, endocarditis, and chronic infection
of patients with cystic fibrosis [3]. These infections are particularly dangerous as biofilms
are known to be resistant to antimicrobials, for example by decreased antimicrobial
penetration through the biofilm gel matrix, or due to lower bacterial growth rates within
biofilms [1]. In industrial settings, biofilms foul membrane reactors and form on ship hulls,
increasing fuel expenditure.
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The desire to remove biofilms from surfaces has resulted in multiple studies to understand
their physical properties, including the use of standard rheometers [4–9], microfluidics
devices [10–14], atomic force microscopy (AFM)/micromanipulation [15–21], or
combinations thereof [22]. These techniques have been used to assess changes in biofilm
properties in response to various stressors or environmental conditions. However, these
techniques all provide insight into bulk, averaged physical properties rather than yielding
three-dimensional details of biofilm architecture that may influence physical properties in
the native biofilm state. Further, ex situ approaches are often invasive and do not provide
insight into dynamic changes over time. Some of the rheometry and AFM technologies
require scraping of a biofilm to load a test chamber, thereby destroying its internal structure,
though methods have been developed for in situ use of these tools [4,15,21]. The physical
properties measured by these methods span several orders of magnitude due to differences in
methodology, bacterial strains, and growth conditions.
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Due to heterogeneity in EPS composition and structure within a biofilm, it is important to
probe localized microscale properties. The use of single particle tracking thus provides an
alternative to bulk measurements by examining physical properties at the microscale with
high spatiotemporal resolution [23]. Single particle tracking was first used to study the
properties of reconstituted EPS, derived from purifying polysaccharides from mature
biofilms [24]. Recently, a single particle tracking method was applied in situ to determine
apparent diffusion constants of differently charged beads through biofilm, providing
evidence that surface modification greatly affects mobility [25]. Bacterial tracking methods
have also been employed to study the motion of flagellated and non-flagellated bacteria
within biofilms, with the bacteria serving as probes for determining mechanical properties
[26]. Carboxylated magnetic bead probes have been actively manipulated within E. coli
biofilms to show spatially-dependent physical properties and the effects of environment and
mutations on these properties [27]. This group showed that creep compliance increased with
increasing height from the bottom of a biofilm when using carboxylated magnetic
microparticles as probes, indicating a stiffer matrix near the bottom of the biofilms.
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While each of these methods provides insight into biofilm structures, they do not yield a
comprehensive view of an in situ biofilm. Thus, a single particle tracking methodology is
presented here that combines several techniques and analysis methods to provide a platform
for studying a native biofilm’s physical properties and structures. While particle tracking is a
very useful technique, it is important to recognize the complexities of interpreting data
measured from a living system. Multiple groups using particle tracking to study biological
materials have shown that surface properties of the probes used greatly affect the measured
physical properties of the material [28–31]. In particular, surface interactions due to
electrostatics or hydrophobicity alter the motions of beads of the same size, resulting in
different mobilities, an indication that the beads probe both sterics and chemistry of the
materials of interest. These differences must be studied in order to appropriately interpret
particle tracking data acquired from such biological materials. Past work on diffusion
through biofilms has shown that in other bacterial species, including Pseudomonas
aeruginosa, Burkholderia multivorans, and Alteromonas macleodii, surface charge affects
the mobility of microbeads [25,32]. Diffusion experiments on multiple species have shown
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that the charge of small molecules affects their ability to move through a biofilm [33]. By
using multiple techniques and maintaining awareness of the complexities of the living
system, the work described here probed the spatial heterogeneity of EPS, using single
particle tracking to provide new information on biofilm architecture.

2. Materials and Methods
2.1 Preparation of E. coli cultures
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E coli EMG2 [34] was used to inoculate 3 ml of lysogeny broth (LB) medium (BD) and
grown on a shaker plate for 24 hours at 37°C to reach stationary phase. 100 µl of the
stationary phase culture was used to inoculate 3 ml of fresh LB, and grown at 37°C with
shaking to reach exponential phase. The culture was diluted in LB to 0.05 OD600 from an
original OD600 between 1 and 1.5. The diluted culture was added to preformed wells
constructed of PDMS bonded to a glass slide, with wells having a circular surface area, 4
mm in diameter. The cultures were grown at 37°C, without agitation, to allow for biofilm
formation. Cultures grown for two days would be left undisturbed until used for
experiments. For four-day cultures, LB was pipetted onto the cultures at 2 days to dilute any
waste products released by the bacteria and provide nutrients. Fluorescent E coli EMG2
harboring a protein expression plasmid (pBBR1-MCS5-gfp) were cultured using a similar
method, but grown in LB with 0.05 µg/ml of gentamicin (Sigma) to maintain the plasmid.
2.2 Addition of beads to biofilms
Beads were either added to the diluted bacterial culture before placement into growth
chambers or after biofilm formation. Bead stock solution diluted directly into the culture
solution was added in 0.05 v/v% or less. Bead stock solution added to the biofilm after
growth was diluted either 1 v/v% or 10 v/v% in LB medium, and 40 microliters of solution
were gently pipetted onto the biofilm culture to avoid structural disturbance. Each type of
experiment was performed in triplicate. Carboxylated beads (red and yellow-green) and
aminated beads (yellow-green) were purchased from Invitrogen and Polysciences.
PEGylated beads were made by conjugating methoxy-PEG to the carboxylated beads as
described previously [35]. Zeta potentials of beads suspended in LB were measured using a
Malvern Zetasizer (Malvern).
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2.3 Imaging of beads and analysis of motion
For bead tracking, the biofilms were imaged using an Andor iXon3-885 EMCCD camera
(Andor USA) connected to an inverted fluorescence microscope (Zeiss) with a 63x oil
objective (NA 1.4) to produce videos at a frame rate of 34.2 Hz with a shutter speed of 0.008
seconds. Three-minute long videos were taken at multiple points at the same height in the
biofilm (as measured from the location of the glass slide), and the data from these multiples
were grouped together when analyzing a single biofilm. Locations for videos were chosen
near the center of the biofilm to avoid any edge effects that might alter physical properties.
Z-stack images of biofilms with beads were captured using a Zeiss LSM 510 Meta confocal
microscope (Zeiss).
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Particle trajectories were determined from videos using publicly available Matlab codes
(Kilfoil Group, http://people.umass.edu/kilfoil/downloads.html) with slight modification.
Original Matlab code was used for determining two-dimensional mean-square displacements
(MSD) and all other post-processing of particle trajectories. The mean-square displacement
is represented as follows:

where r represents the position of a particle, t is time, and τ is a lag time. This does not
account for static error in the measurement, that is the motion that would be perceived even
for static beads embedded in a solid medium [36]. To correct for this, a previously described
method [37] was used to measure the MSD of beads embedded in 3% agarose, assumed to
be static, and this error (≈ 10−4 µm2) was subtracted to arrive at the final MSDs presented.
Calculated two-dimensional MSDs can be used to calculate creep compliance, the ratio of
displacement to a given applied force over time [38]:
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where J represents creep compliance, d is the diameter of the probe used, T is temperature
and kB is the Boltzmann constant. Creep compliance is a material property describing
deformability that should not depend on probe size assuming the probes are experiencing a
homogeneous fluid, which in a gel such as biofilms means that the pore size is smaller than
the probe. Given the above equation for creep compliance, scaling MSDs by bead diameter
provides an indication of whether a fluid seems homogeneous at the probed length scales,
and thus all graphs are presented with this scaling. As will be presented later, many of the
data acquired for this system do not indicate a fluid homogenous on the probed length
scales, so the value of creep compliance itself was not calculated since in this case it would
not represent the actual value of the material property. The conversion between the
measured scaled MSDs and creep compliance is provided in the Supplemental Information.
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3. Results and Discussion
3.1 Bead motion is dependent upon surface charge
Biofilm EPS is formed from polysaccharides, proteins, lipids and DNA in water, and thus
contains multiple types of charged moieties. It is therefore important to understand if surface
functionalization of microbead probes plays a role in the mobility of beads in E coli as the
charged groups may interact with the charged portions of the matrix as they do in other
biological systems. To determine if bead motion is dependent upon electrostatic interactions,
the motions of 1-micron aminated, carboxylated and PEGylated beads were observed. LB
medium has a Debye length of less than 1 nm (see calculation in Supplemental Information),
and thus differences between each bead type will depend on their interactions with local
charged structures. The zeta potentials of the beads in LB medium (table 1), indicate that the
PEGylated beads are neutral, the carboxylated beads are negatively charged, and the
New J Phys. Author manuscript; available in PMC 2015 August 27.
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aminated beads are negatively charged, with 70% of the negative charge of the carboxylated
beads. PEGylated beads are considered to be generally biologically inert [39], presumably
engaging in limited non-steric interactions with the biofilm. Beads one micron in diameter
were added to bacteria solutions before biofilm formation (“pre-embedded”) and after two
days their motion was observed using the described protocol.
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Bead motion was observed at three different heights in the biofilm (10, 20 and 30 microns
above the glass slide, in a biofilm about 100 microns high – figure 1a). Figure 1b shows the
scaled MSDs of the 1 micron aminated, carboxylated and PEGylated beads at 20 microns,
and figure 1c shows the scaled MSDs at all heights at which MSDs were measured. The
PEGylated beads exhibited greater mobility than both the carboxylated and aminated beads
at all locations in the biofilm. In addition, at all heights the carboxylated beads were more
mobile than the aminated beads, so the mobility of the beads is not monotonic with zeta
potential. The carboxylated beads contain only negative surface charge, whereas the
aminated beads likely contain a mix of negative and positive surface charges as they are
constructed by linking amines to carboxylated beads. Biofilms contain a mix of positively
and negatively charged species, but contain more anionic species, so the mixed surface
charge beads can likely form more ionic interactions leading to greater confinement
[2,40,41]. Charge interactions are therefore important when examining motion of probes
within E. coli biofilms, and must be considered in addition to spatial confinements. While it
is not certain that hydrophobic interactions play a role in the differences between bead
motions, the polysaccharides that form the bulk of biofilm matrix are not known to have
large hydrophobic domains. In addition, while not all the proteins within the biofilm have
been characterized, the E. coli strain used does not produce proteins known to contribute to
hydrophobicity in biofilms [42–45]. Thus, the differences seen in bead motion between the
different surface charges are likely due to ionic rather than hydrophobic interactions.
3.2 Biological material accumulates over time in biofilms
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PEGylated beads exhibit few interactions with biological materials [39,46,47] and are
charge neutral so their motion in the biofilm is likely dependent primarily on steric
confinement. Studying the motion of PEGylated beads embedded within a biofilm thus
provides a measure of how much solid material surrounds the beads, and if this changes over
the course of biofilm development. The MSDs of 1 and 2 micron PEGylated beads
embedded in biofilms were measured at two and four days of growth (figure 2a and 2b
respectively). As shown in figure 2, the motion of PEGylated beads embedded in biofilms
was found to be size dependent at both two and four days of growth. These results suggest
that the PEGylated beads of different sizes experience unique microenvironments, perhaps
the result of biological materials forming around the PEGylated beads with which they do
not interact. The motion is not location dependent, which indicates that the mode of
confinement is similar throughout the probed areas of the biofilm for each bead size.
Mobility of beads in a four day biofilm was reduced as compared to a two day old biofilm
(figure 2 a, b), though again the motion is size but not location dependent. PEGylated beads
are presumably experiencing steric confinement, so any decrease in mobility can be
attributed to increased crowding of the probes by biological materials. The increased
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confinement observed is likely due to the accumulation of biological material from bacterial
multiplication and/or release of additional EPS components as no solid materials are
externally introduced into the biofilm over its growth period.
3.3 Charge density in biofilms is spatially heterogeneous, with higher density near the
substrate
By measuring the motions of carboxylated beads (the base bead on which the other types are
constructed) in addition to PEGylated beads, it is possible to distinguish between chargedependent and steric interactions, and to determine which ones are impacting measured
materials properties. This is important as recent work has indicated that in Staphylococcus
epidermidis, viscoelasticity is likely mediated by self-interactions between various
components of the EPS, rather than entanglements of the polysaccharides due to topological
constraints [48].
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If the microbead probes in a gel mesh are experiencing a homogeneous environment, then
the MSDs scaled by diameter should collapse onto each other. The scaled MSD curves for
carboxylated beads 0.5 and 1 micron in diameter in a two-day old biofilm overlap each other
at each location, which would seem to indicate that the biofilm is homogenous on this length
scale at each height (figure 3a). If this result was due to EPS pore size alone, then larger
probes would have similar MSDs. However, when the scaled MSDs for 1 and 2 micron
diameter beads are compared at two days, they do not collapse onto each other (figure 3b).
The MSDs for the 2 micron beads are larger than for the 1 micron beads, indicating that they
are less confined (figure 3b). At four days the pattern changes and the 1 and 2 micron bead
curves are closer to overlapping (figure 3c). This pattern of behavior would not be expected
if the smaller beads are confined sterically. The strong dependence of mobility on charge
suggests the confinement of carboxylated beads in E. coli biofilms is due to interactions with
charged portions of the EPS matrix. The higher MSDs for the larger beads at 2 days could
then be the result of the inability of the charge density at that age to arrest the motion of
these beads to the same extent as the smaller beads. The height dependence of MSDs
indicates that the charge density decreases at higher parts of the biofilm, either due to
changes in pH of the surrounding medium from bacterial metabolism or the presence of
different types or amounts of EPS components. The change between two and four days
corroborates the prior conclusion that EPS materials are being released over time into the
biofilm, and could also be due in part to changes in localized pH over time. Alternatively,
the charged beads may be binding to released bacterial products, which would change their
surface properties over time, resulting in the different patterns of motion at different times.
However, the PEGylated beads would not experience such interactions, indicating that the
addition of material to the biofilm must play some role in the altered dynamics. The biofilm
is therefore actively developing over time.
3.4 Biofilms contain micron-scale, fluid-filled channels
Biofilms are known to be heterogeneous based on chemical gradients [49,50], but their
mechanical heterogeneity is not well understood. The presence of channels and voids to
facilitate transport in biofilms has been suggested for several types of biofilms, based on
visualizations of channels tens of microns in diameter with dye or microbeads [51,52]. Some
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of these channels penetrate through biofilms, whereas others are spaces between the stalks
of mushroom shaped biofilm colonies. To date, there has been no direct comparison of
probe motion within various regions of the EPS to provide evidence that channels with
properties distinct from that of the gel penetrate the biofilm. To provide such a comparison,
beads were added onto an already-developed biofilm in order to compare their motions to
those of beads pre-embedded in a biofilm. By using both measurements on the same system,
it is possible to understand if channels are present, and if they are intrinsic to the system
itself.
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A linear fit of the MSD data for pre-embedded 0.5 micron beads (seen in figure 3a) at short
lag times to approximate an apparent diffusion coefficient yields Da≈.0.01 µm2/s. Based on
confocal images of the biofilms, they are approximately 100 µm in height, which means that
a lower bound on the time it would take for beads added on to a biofilm to travel through the
biofilm matrix itself and reach the bottom surface would be about 12 days. However, when
the beads were added onto an already grown biofilm, a concentration front reached the
bottom surface on the order of hours, indicating that the beads must be traveling through
something other than the dense EPS matrix probed by the pre-embedded beads. If beads
were to travel through straight, water-filled channels into the biofilms, where D≈1 µm2/s
then the time for the concentration front to reach the bottom of the biofilm would be about 3
hours, which is much closer to observed time. This indicates that the beads are likely passing
through fluid-filled channels that penetrate the EPS matrix.
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Qualitatively, videos of the 0.5 micron carboxylated beads added onto a grown biofilm
seemed to contain two populations of beads, some mobile, and some that seemed confined
within the matrix (figure 4a). To determine if these were actually two separate groups, the
self-portion of the van Hove correlation was calculated. This correlation measures the
probability that a particle is at a position x at a given lag time (x(τ)=x), assuming that a
particle was at position 0 at time 0 (x(0)=0), which is shown graphically by plotting the
probability distribution of the step sizes made by the tracked particles for a given lag time
(figure 4b). If the particles are undergoing Brownian motion in a homogeneous fluid, then
the van Hove distribution should be a Gaussian. However, for the raw data, this distribution
is clearly not a Gaussian, given its sharp central peak (figure 4b). A previously described
unbiased statistical method [53] was used to separate the beads into two populations (mobile
vs. confined). In short, the range and standard deviation of each individual particle trajectory
were multiplied together to produce a measure of particle mobility, and an approximate
cutoff for this value was determined to separate the two groups, with the beads associated
with values above the cutoff identified as mobile. In this case, the cutoff chosen is 0.2 µm2.
The two populations of beads formed distinct distributions, which envelope the inner and
outer regions of the combined distribution (figure 4b). This is an indication that the beads
are in two different materials, likely fluid-filled channels and the EPS matrix. The confined
beads likely correlate to beads associated with the EPS matrix, indicating that the interaction
with the matrix has occurred over the experimental time scale.
Carboxylated and PEGylated beads 0.5 and 1 micron in diameter both diffuse through
biofilms on the order of hours. However, when larger, 2 micron diameter beads were added
to biofilms, few to no beads were seen at the bottom. Z-stacks acquired using confocal
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microscopy showed that for the first 40–50 microns of biofilm height over the growth
surface there were few to no beads and densely packed bacteria (figure 5a – c). Above 40
microns, long, branched clumps of 2-micron beads were observed. These bead formations
were relatively static and formed multiple types of shapes including keyhole-like structures
(figure 5a, d–e). The lack of bacteria in this region indicates that the beads are surrounded
by EPS, and the long, branched structures are indicative of beads getting stuck in channels
that are too small for them to get through, providing visual evidence for the channels that
could transport smaller beads through the biofilms. To more clearly image the proposed
channels, highly concentrated solutions of 0.5 micron diameter carboxylated beads were
added onto already grown biofilms, and allowed to diffuse through for 24 hours. After 24
hours, the biofilms were imaged, which revealed beads in highly branched channel-like
formations (figure 6). There were fewer channels near the bottom surface of the biofilm, and
a dense network at higher spatial locations, as seen in the projection of the 3D stack (figure
6a). A sample of a particular location, 50 microns above the bottom of a biofilm, shows
channel-like structures that connect to the planes above and below (figure 6b).

4. Conclusion
NIH-PA Author Manuscript

By combining single particle tracking, statistics, and confocal microscopy to analyze a
single biofilm system, multiple structural features were elucidated. E. coli form biofilms
with height-dependent charge density that changes with time. The physical density of the
biofilm also increases with time, indicating a metabolically active system. Finally, channels
exist that run through the biofilms, allowing for the passage of small molecules and micronscale objects while limiting passage of larger objects. The wide range of features probed
with this methodology makes it a useful tool for analyzing other biofilm systems, in
particular for comparison of native and mutant species to determine how genetic changes
influence structure formation.

Supplementary Material
Refer to Web version on PubMed Central for supplementary material.
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Figure 1.
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Bead motion in biofilms is dependent upon surface functionalization as shown by the
motions of beads of the same size (1 µm in diameter), but different charges. a) A schematic
diagram of the biofilm showing the three heights at which MSDs were measured. Color
labels (blue red and green) are defined for each height which are used to label data in panels
b) and c). b) MSD versus lag time for the beads at the 20 micron height. The PEGylated
(neutral) beads were the most mobile, followed by carboxylated (negatively charged) and
aminated (less negatively charged) beads. These data indicate that any confinement seen
with charged beads is not necessarily due to mesh size alone, as if this were the case the
three curves would be similar. c) MSD versus lag time at 10, 20 and 30 microns above the
bottom of the biofilm, represented by blue, red, and green lines respectively. Symbols are
the same as in b) and colors defined in a) denote the height at which the measurement was
taken.
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Figure 2.
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The motion of PEGylated beads in biofilms is size dependent at both a) 2 and b) 4 days. This
indicates that the beads are experiencing different microenvironments, potentially due to the
biological materials of the biofilm growing around the beads, as biological materials interact
very little with the polyethylene glycol coating of the beads. The decrease in MSD with
biofilm age with the PEGylated beads indicates that they are experiencing increased steric
confinement likely due to an accumulation of biological materials, resulting in smaller
regions for the beads to move in. The blue, red and green symbols represent heights of 10,
20 and 30 microns above the bottom of the biofilm respectively.
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Figure 3.

NIH-PA Author Manuscript

The motion of carboxylated beads within E. coli biofilms. a) Carboxylated beads 0.5 and 1
microns in diameter in a two day old biofilm have MSD curves that collapse on each other at
each height when scaled by bead size. b) Beads 1 and 2 microns in diameter do not show
similar scaled MSDs at each height at 2 days, and counterintuitively, the MSDs for the
larger beads are bigger, indicating that they are more mobile. c) At 4 days, the MSD curves
for the 1 and 2 micron beads get closer to overlapping at each height, indicating that the
beads are getting closer to both experiencing a homogenous environment. Neither set of
curves resembles those produced by beads confined due to sterics alone, as seen with
PEGylated beads. The beads are thus confined by charge interactions, which are height
dependent, and not strong enough at 2 days to restrict a 2 micron bead to the same extent as
the smaller beads. The increased confinement of the largest beads at 4 days of growth
indicates that there is an increase in charge density over time, perhaps due to bacterial
secretion of additional biological materials. The blue, red and green lines represent heights
of 10, 20 and 30 microns above the bottom of the biofilm, respectively.
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Figure 4.
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a) Adding 0.5 micron diameter carboxylated beads onto a two day old biofilm qualitatively
yielded two types of bead trajectories - some that seem mobile and others that seemed
confined to a particular location within the biofilm. In this image, the mobile trajectory is
4.9 seconds long, whereas the confined trajectory is 5.6 seconds long. b) The van Hove
distribution for all the beads, shown with the distribution for the statistically separated
confined and free distributions at 1 second of lag time. At small Δx, the confined distribution
envelopes the full distribution, whereas at larger Δx, the free distribution envelopes the full
distribution. The two distinct populations indicate beads that are experiencing two different
complex fluids, likely some within channels and others associated with the EPS.
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Figure 5.
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Confocal microscopy of fluorescent biofilms with 2 micron beads added after growth show
the following characteristic regions after 5 hours: a) Schematic diagram of image locations.
b) From 0–30 microns from the glass surface, only bacteria are seen in the biofilm. c) From
30 to about 50 microns above the coverslip, many bacteria and a few lone beads are seen. d)
Above the bacteria are branched bead aggregates, with few to no surrounding bacteria.
These aggregates continue higher but were not visible past 80 microns due to objective
working distance. e) Close up view of selected aggregates, which show long, branched
chains (red arrows) and some keyhole shapes (red stars in center). In all panels, the bacteria
are colored green and beads are colored yellow. Scale bars are all 20 µm.
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Figure 6.

These are images of a biofilm 24 hours after the addition of a high concentration of 0.5
micron diameter beads to the culture. a) Projection of a z-stack in the z direction. If one were
to lie on the slide on which the biofilm was grown and look up, this is what would be seen.
The brighter regions indicate what is closer to the bottom, so it is clear that there are a few
branches that reach the bottom of the biofilm, and that further up there is a high density of
intersecting channels. The top and side bars show the side-view in the x and y planes,
respectively. These also show some regions of deeply penetrating channels and a nonuniform top surface. Each of the side views is 73.5 µm in height. b) An individual z-slice,
about 50 microns from the bottom of the biofilm. This shows a single plane of intersecting
channels. All scale bars are 20 µm.
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Properties of the surface-functionalized polystyrene microbeads used to probe biofilms. Zeta Potentials are in
LB medium.
Bead Type

Size (nm)

Zeta Potential (mV)

PEGylated

1110±46

−0.3±0.5

PEGylated

2020±16

−2.6±0.5

carboxylated

516±11

−17.7±1.3

carboxylated

1100±35

−16.1±0.9

carboxylated

2000±40

−28.3±1.8

aminated

1100±35

−11.3±0.3
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